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In Brief
Extraction of sub-picoliter samples of nucleoplasm and cytoplasm from live cells allows cellular heterogeneity to be assessed without killing the cells.
INTRODUCTION
Recent technological advances have enabled biological studies to be scaled down to the single-cell level, thus revealing the heterogeneity in cell populations with implications in nearly all fields of biology and medicine. While tissues of multicellular organisms are made of multiple cells that originally share the same genetic information, the individual cells are unique in their structure, composition, and functionality. An unexpected level of somatic genomic variations has been shown in both normal and diseased tissues (Cai et al., 2014; O'Huallachain et al., 2012) . Differential gene expression gives rise to a diversity of cell phenotypes, shaping individual cells toward highly specialized functions. In addition, the stochasticity of intracellular processes, as well as variations in the surrounding environment, further generates differential cell behaviors, even in apparently homogenous cell populations. Therefore, molecular analyses at the single-cell level are critical for dissecting the complexity of heterogeneous tissues, characterizing pathological conditions, or investigating the biological processes and cellular responses to perturbations, without the limitations of population averaging (Schmid et al., 2010; Wang and Bodovitz, 2010) .
While molecular analyses at the single-cell resolution are highly attractive, they present several challenges. They require the ability to manipulate micron-sized individual cells and to handle volumes in the picoliter range (reported HeLa cell volumes range between 1.2 and 4.3 pl [Zhao et al., 2008] ), the detection of minute amounts and a broad variety of analytes, and the minimization of perturbations on the cell and the physiological process under investigation. In current single-cell studies, the cellular molecules are commonly retrieved through the consecutive isolation and lysis of individual cells. Fluorescence-activated cell sorting (FACS)-based methods and microfluidic devices are the predominant platforms that enable single cells to be handled and analyzed, and they provide highthroughput methods to examine numerous individual cells in parallel (Kovarik and Allbritton, 2011; Lo and Yao, 2015; Wu and Singh, 2012) . However, both methods require the removal of the cell from its original environment, and doing so causes the loss of contextual information and may generate physiological perturbations. A recently developed microfluidic probe has the potential to partially address these issues, enabling the selective lysis of a cell in its tissue culture environment, followed by lysate aspiration into micro-chambers for single-cell enzyme activity measurements (Sarkar et al., 2014) . However, gaining access to cellular contents through lysis of the cell under investigation limits single-cell studies to post-mortem analyses, and the lysis process itself may alter the cellular analytes.
To overcome these limitations, a few studies have explored the insertion of minimally invasive sampling devices directly inside a cell for extraction. These approaches allowed direct access to the native intracellular fluid. Atomic force microscopy (AFM) tips have been inserted inside living cells without compromising their viability, enabling the analysis of specific mRNAs adsorbed onto the tips (Nawarathna et al., 2009; Osada et al., 2003) . Micropipettes have been introduced inside living cells to aspirate nanoliters of cytoplasmic samples and analyze their mRNA (Van Gelder et al., 1990) or metabolite (Saha-Shah et al., 2015) content. However, micropipettes are relatively invasive because they impact cell survival and limit studies to large cells. A recent report presented the uptake of femtoliter samples of cytoplasm into a nanopipette using electrowetting. The technology enabled analyses of mRNAs and mitochondrial DNA, while preserving cell viability (Actis et al., 2014) . These few studies have shown that fluidic extraction holds great promise for single-cell molecular analyses, but the potential of extraction devices has not yet been exploited.
Using fluidic force microscopy (FluidFM), we recently established an effective protocol for the minimally invasive insertion, stabilization, and withdrawal of the tip of a microchanneled probe inside a cell for solute injection (Guillaume-Gentil et al., 2013 Meister et al., 2009) . Because the FluidFM is mounted on top of an inverted optical microscope, the cells of interest can be readily observed during manipulation in real time. The process relies on AFM to accurately and gently drive the probe through the cell membrane. In this study, we developed and explored a platform for the extraction of tunable amounts of intracellular fluid from live cells and the delivery of the withdrawn cell contents to a variety of analytical techniques.
RESULTS

Development of a Volume-Controlled Single-Cell Extraction Approach
The insertion of miniaturized devices, followed by extraction, provides an attractive means by which to retrieve the intracellular contents of single cells for downstream analyses. This method circumvents the need to isolate and lyse the cell prior to analyte recovery. In this study, we developed a generic and versatile method for such extraction experiments using FluidFM, which addresses selected adherent live cells within tissue cultures (Figure 1A) . The approach consists of inserting the tip of the FluidFM probe into the cell and filling the probe through the application of negative pressure, followed by withdrawal from the cell, local dispensing, and molecular analyses.
We used FluidFM probes that featured a pyramidal tip. Triangular apertures on the front pyramid side close to the apex were milled using a focused ion beam ( Figure 1B) . We chose an opening size of 400 nm to allow most cellular components, such as RNA, peptides, and proteins, to pass through, while still ensuring complete aperture insertion inside the cell. We first established a coating protocol based on surface siliconization to prevent adsorption of cellular compounds in the microchannel surface and to allow liquid flow within the channel (see Figure S1 ). Considering the low amount of given analytes within a single cell, it was also highly critical to avoid dilution of the extracted material. To prevent rarefaction, the FluidFM probe was prefilled with mineral oil, which served as an immiscible phase to confine the extract to the front of the probe.
Cultures of HeLa cells expressing green fluorescent protein (GFP) were used to demonstrate cellular extraction in a first set of experiments. Because intracellular GFP diffuses through the nuclear pores and distributes relatively homogenously in the cell's cytoplasm and nucleus (Wachsmuth et al., 2003) , it represents a convenient marker to follow the withdrawal of intracellular content by fluorescence microscopy from both compartments in real time. After aligning the pyramidal tip of the FluidFM probe on top of the desired cell compartment under optical control, force spectroscopy was initiated to drive the probe toward the cell, through its membrane, and further inside the cell, with continuous force monitoring. The probe was then stabilized inside the targeted cell compartment, resulting in a tight seal between the inserted pyramidal tip and the cell membrane (Guillaume-Gentil et al., 2013) . Once the tip was inserted into the cell, underpressure was applied through the microchannel to extract the cellular content. The semitransparency of the cantilevers allowed us to visualize the extracted volume in the FluidFM (A) Schematic of the FluidFM-based extraction procedure. The micro-channeled FluidFM cantilever is monitored by the AFM laser (red) and allows for handling femtoliter liquid volumes with nanometric spatial precision and piconewton force resolution. The FluidFM probe is aligned on top of the desired location of the cell and inserted inside the cell by force spectroscopy with a preset force. Once the force is attained, Z-piezo regulation allows maintenance of the tip inside the cell at constant preset force. During this time, underpressure is applied through the microchannel to flow the cellular content into the probe. The probe is then lifted off of the cell. The extract is then released onto a suitable substrate for further analysis by applying overpressure through the channel. The FluidFM setup is mounted onto an inverted optical microscope (not shown), which allows visual inspection of the entire process. (B) Scanning electron micrographs of a FluidFM probe for extraction. The probe consists of a hollow cantilever with a hollow pyramidal tip. A triangular aperture (400 nm in height and in base length) was milled by a focused ion beam on the front face of the pyramid, close to the apex. See also Figure S2 . probe, with a clear boundary between the aqueous cellular extract and the pre-filled oil in transmitted light mode (see Figures 2A and 2B; Movie S1) .
After extraction, the observation of the cell by light microscopy provided a first assessment on the impact of the manipulation on the cell (Figure 2A and 2B) . Following extraction both from the cytoplasm and from the nucleus, a significant decrease in GFP intensity was detected, indicating the extraction of the reporter protein ( Figure 2C ). As expected, we did not observe significant loss in fluorescence after extraction from the cytoplasm of cells containing labeled mitochondria or from the nucleus of cells expressing mCherry-tagged histones (Kuipers et al., 2011) (H2B) or after DNA staining ( Figure 2C ). Altogether, the results indicated that soluble proteins were readily extracted in contrast to molecules assembled into large macromolecular structures and small organelles. These results are in agreement with the size of the FluidFM probe aperture acting as a selective molecular sieve during the suction of the intracellular milieu.
Cell Compartment Selective Extraction
As FluidFM probes can be inserted at choice either into the cytoplasm or into the nucleus of a targeted cell (Guillaume-Gentil et al., 2013; Meister et al., 2009 ), we then assessed whether cytoplasmic and nuclear content can be selectively retrieved. Cell nuclei were labeled with two different fluorescent markers, and the fluorescence loss following extraction from either the nucleus or the cytoplasm was quantified ( Figure 2D ). The first nuclear marker consisted of a fluorescent protein (mRuby) tagged with a nuclear localization sequence (NLS). While mRuby has a size similar to the GFP protein, the NLS-tag leads to the active import of the reporter protein into the cell nucleus. Following extraction directly from the nucleus, a decrease in fluorescence was observed, whereas no decrease in fluorescence was detected when extracting from the cytoplasm ( Figure 2D ). These results indicated that the NLS-tagged protein was extracted from the nucleus, but not from the cytoplasm. As a second marker, we chose a 70 kDa dextran-conjugated fluorophore (fluorescein isothiocyanate [FITC]-dextran), which surpasses the molecular weight described for crossing nuclear pores without active transport (Weis, 2003) and which we injected into cell nuclei by FluidFM as described previously (GuillaumeGentil et al., 2013) . A decrease in FITC fluorescence was detected following extraction from the nucleus, whereas no decrease in fluorescence was observed after extraction from the cytoplasm ( Figure 2D ). These results indicated that the two fluorescent markers remained confined and were selectively extracted from the nucleus, i.e., were not forced through the nuclear pores during extraction from the cytoplasm.
Quantification of the Extracted Volumes
Next, the fraction of cellular content retrieved in the microfluidic probe was examined by optical microscopy. The use of GFP-expressing cells enabled the observation of the extract in fluorescence mode ( Figure 2E ). Combined with the known geometrical design of the FluidFM probe (see Figure S2 ), the visibility of the extract further enabled the quantification of the extracted volumes based on their area in the cantilever. Throughout this study, the volumes harvested ranged between 0.1 and 7.0 pl. A volume of 0.1 pl corresponded to the filling of the pyramidal tip (see Figure S2 ); while smaller volumes were extractable, their visualization and quantification was challenging.
Optical monitoring of the cantilever during suction of the cellular content also allowed us to estimate the volumetric flow rate of extraction. At maximal underpressure, the measured flow rates were 0.4 ± 0.1 pl/min for both the extraction from the cytoplasm and the extraction from the nucleus. The similarity in the obtained volumetric flow rates is consistent with the reported similarities in the viscosity of both compartments (Wachsmuth et al., 2003) . The ability to visualize the extract and rapidly determine its volume in situ offered us the possibility to harvest defined volumes of cytoplasm or nucleoplasm by interrupting the extraction whenever the desired amount was collected in the probe.
Post-extraction Cellular Viability
Because the insertion of the FluidFM tip into the cell with or without injection did not adversely affect cell survival (Guillaume-Gentil et al., 2013), we next examined the cell's survival as a function of the extracted cell volume and the cellular compartment targeted for extraction ( Figure 3 ). After extraction of volumes up to 4.0 pl from the cytoplasm, 82% of the cells remained viable indicating that the cells have the ability to withstand the loss of a large proportion of the cytoplasm ( Figure 3B ). Extracted volumes larger than 4.5 pl all resulted in cell death. Considering the native cytoplasmic volumes measured in the pool of HeLa cells (maximum 4.4 pl; median 1.6 ± 0.7 pl; Figure 3A) , the observed loss in viability after extraction was most likely related to the complete removal of the cytoplasmic content. At this point, we cannot exclude the possibility that continued aspiration after extraction of the entire cytoplasmic content forced the extra-cytoplasmic fluid through the cell membrane into the probe, likely leading to a loss of the membrane integrity and subsequent cell death. The non-viable cells all appeared flat and emptied in phase-contrast images and showed a dramatic, nearly complete loss of their GFP content ( Figure 3D ). Next, cell viability was assessed after the extraction of sub-picoliter volumes from the nucleus, ranging from 0.1 and 0.8 pl (Figure 3B) . The cells survived the extraction of up to 0.6 pl, slightly below the median nucleus volume of 0.7 pl ( Figure 3A ). Extracted volumes of 0.7 pl and above compromised cell viability, and one cell did not survive the loss of 0.2 pl of nucleoplasm. The results indicate that extraction from the cell nucleus was more critical than extraction from the cytoplasm. However, extraction volumes of up to 0.6 pl had a high probability (86%) of preserving cellular viability.
While physical damage, such as the loss of membrane integrity, can lead to immediate cell death, and is thus detectable by the classical cell viability assays that we performed in the few hours following extraction, deficiency in particular cell components could have an irreversible impact on cell physiology. Therefore, we also performed time-lapse experiments to monitor the extracted cells over several days using optical microscopy. The results confirmed the cell survival observed in the shortterm assessment, with the extracted cells remaining viable over the observation time (up to 5 days) and behaving similarly 
. Extraction from Fluorescently Labeled HeLa Cells
(A) Phase-contrast (PhC) and fluorescent images (GFP) of a representative extraction from the nucleus. In the example shown, the impact of the removal of 0.3 pl of the nucleoplasm content did not induce noticeable morphological changes, and the decrease in the GFP content was minimal. The contour of the targeted cell is marked with a white dashed line. (B) Phase-contrast (PhC) and fluorescent images (GFP) of an example of cytoplasmic extraction. In this example, 1.5 pl were extracted from the cell cytoplasm; following extraction, the cell showed a flattened morphology, and its GFP content was dramatically decreased. The contour of the targeted cell is marked with a white dashed line. Figure S1 and Movie S1.
to the neighboring, non-extracted cells. As expected, the cells that did not survive the extraction remained non-motile over the time course of the experiments. Figure 3E shows an example of a cell following the extraction of 2.9 pl from its cytoplasm (lower cell). Notably, the extracted cell divided after $30 hr, which was the same time as the neighboring unperturbed cell.
The evaluation of the post-extraction cellular viability indicated that cytoplasm samples up to 4.0 pl and nucleoplasm samples up to 0.6 pl can be collected with a low risk of compromising cellular viability. Based on the largest measured native volumes for both cell compartments, these represent at least 90% and 20% of the native cytoplasmic and nuclear volumes, respectively.
Molecular Analyses of the Collected Extracts
In subsequent steps, we analyzed the subcellular levels of the endogenous molecules retrieved in the FluidFM probe. To this end, we transferred the extracts onto analytical substrates under optical inspection. To address a panel of analytical platforms, each with specific requirements and sample formats, we developed three different approaches that cover a wide range of applications. For imaging using transmission electron microscopy, the extracts were dispensed locally, in air, using the FluidFM force-control feedback to gently contact the grid. To perform biochemical assays, we dispensed the extracts into picoliter-containers containing the biochemical reagents. The third method consisted of the release of the extracts into a microliter water droplet that was subsequently manually transferred to a tube for transcript analyses.
Extract Examination by Negative-Stain Transmission Electron Microscopy
We imaged macromolecules from single-cell extracts by using negative-stain transmission electron microscopy (EM) (Figure 4) . We spotted picoliter samples directly from the FluidFM cantilever onto a defined location on the EM grid using force-feedback and overpressure ( Figure 4B ). The extract, which was easily visible under a light microscope, stayed confined on the support film before rapidly drying. A drop of staining solution was then applied followed by blotting. The deposited cytoplasmic extracts exhibited a variety of structures ( Figures 4C  and S3 ). These differed in size and shape, including large vesicular structures ($100 to 350 nm diameter), smaller globular structures ($10 to 100 nm diameter), patches and filaments ($5 to 20 nm diameter, up to 650 nm in length) indicative of membrane vesicles, macromolecular protein complexes, and cytoskeletal filaments. As a control, we imaged a HeLa cell lysate generated by freeze/thaw cycles, which showed a similar variety of structures. Because the lysate sample was not extracted and delivered onto the grid by FluidFM, structures larger than the aperture size were observed (see Figure S4) . The examination of a water sample and a staining solution without sample did not reveal any of the cellular components observed in the cytoplasmic extract or cell lysate (data not shown).
In contrast to the images generated from cytoplasmic extracts, those from nuclear extracts ( Figures 4D and S5) showed mostly globular structures (sizes ranging from 5 to 25 nm in diameter) and short (20 to 100 nm) filaments (diameter <5 nm). These observations were consistent with the expected nucleoplasm content, which should mainly consist of ribosomal proteins and nuclear lamina. Structures too large to pass through the 400 nm triangular aperture were not observed.
The clear differences in the cellular elements noticed in the cytoplasmic extracts compared to those in the nuclear extracts substantiate the data obtained with nuclear specific fluorescent markers ( Figure 2D ), validating the developed cell extraction method and its ability to separately address the cytoplasm and the nucleus of a selected cell. Deposition by FluidFM onto the EM grid enabled the confinement of a low amount of cellular molecules within a small designated area of the grid, with the possibility to spot multiple samples onto the same specimen and to find these spots readily with TEM. As FluidFM can be used to dispense solutions or suspensions of virtually any molecule or nanoparticle, the presented approach is not limited to extracted cytoplasm or nucleoplasm samples and is applicable to any precious biological samples. Moreover, the deposited cell material is accessible for various labeling methods, e.g., immunogold staining.
Detection of Enzymatic Activities
Enzyme activity assays at the single-cell level are critical for elucidating the biochemical origin of cellular heterogeneity. To test the functional integrity of the harvested proteins, we performed enzymatic assays on the cytoplasmic extracts ( Figure 5) .
First, we selected a beta-galactosidase (b-gal) assay using the fluorogenic substrate fluorescein di-b-D-galactopyranoside (FDG). b-gal is widely applied as reporter enzyme to assess the transcriptional activity of promoters due to relatively low endogenous enzyme levels in mammalian cells (approximately 40,000 copies or 33.5 fmol in a HeLa cell [Nagaraj et al., 2011] ). Using photolithography with the negative photoresist SU-8, we produced picowells to assay the activity of endogenous b-gal retrieved from HeLa cell cytoplasm by confining the enzyme, its substrate, and its product into small observation volumes. The wells were pre-filled with the fluorogenic substrate and covered with oil to prevent evaporation while allowing for subsequent access with the FluidFM probe. The tip of the cantilever containing a cellular extract was positioned into the well, and the extract was released on application of overpressure ( Figure 5B) . The well was then monitored by fluorescence microscopy to detect the formation of fluorescein by enzymatic hydrolysis of FDG ( Figures 5C and 5D ). Next, we adapted the assay to differentiate cells with endogenous activity from those transfected with lacZ. Indeed, the measured fluorescein intensity was significantly higher in transfected compared with non-transfected cells ( Figure 5E ).
To demonstrate that single-cell enzymatic assays can be used to record the status of a cell, we developed a second enzymatic assay. Caspase 3 (Casp3) is a critical enzyme in apoptosis and can be measured using the fluorogenic substrate Ac-DEVD-AMC ( Figure 5F ). While apoptosis is not expected to be initiated in unperturbed HeLa cells, the intrinsic apoptotic pathway can be triggered by treatment with the protein kinase inhibitor staurosporine (Bertrand et al., 1994) . We thus first compared the Casp3 activity in untreated HeLa cells and in cells incubated with the apoptosis inducer. The cytoplasmic extracts from staurosporine-treated HeLa cells showed a significantly higher level of Casp3 activity compared to extracts from untreated cells at two time points after treatment. We then performed the assays with extracts from HeLa cells treated with staurosporine, but pre-infected with vaccinia virus. Viral pathogens have evolved multiple strategies to evade the apoptosis of their host cell and promote infection (Amara and Mercer, 2015) . Vaccinia virus, for instance, can interfere with both the intrinsic and the extrinsic apoptotic pathways, with at least six known viral proteins (Veyer et al., 2014; Wasilenko et al., 2003) . In the vaccinia-infected cells, the treatment with staurosporine did not induce detectable level of Casp3 activity ( Figure 5F ), as expected. This second enzyme activity assay enabled to expose the effects of both an apoptosis initiator (e.g., Staurosporine) and an apoptosis inhibitor (e.g., vaccinia virus).
The successful detection of b-gal and Casp3 activities in the cytoplasmic extracts showed that the functional integrity of the collected molecules is preserved and that biochemical analyses on subcellular samples can be performed in picoliter reaction chambers. Furthermore, the performed assays showed the possibility to distinguish differently treated cells by quantifying enzyme activities from single cells.
Detection of Transcripts
Gene expression studies for single cells usually rely on reverse transcription and PCR to amplify transcripts, followed by qPCR. The quantification of mRNAs from single eukaryotic cells is generally conducted after physical separation of the cells, followed by cell lysis (Hashimshony et al., 2012; Picelli et al., 2014; Ramskö ld et al., 2012; Tang et al., 2010) . Moreover, the separation of nuclei, followed by transcriptional analysis, has also been achieved (Grindberg et al., 2013) . Here, we first validated the single-cell transcript analysis using dilutions of bulk and single-cell samples and showed that we were able to detect the transcripts from samples corresponding to approximately 0.01 pg of total RNA (see Figure S6 ; Supplemental Experimental Procedures). We examined the cellular extracts obtained by FluidFM in a subsequent step using standard PCR tubes for cDNA synthesis and qPCR. Because these tubes cannot be directly accessed by the FluidFM probe, the extract was first released into a microliter drop of RNase-free water, followed by the addition of a drop of oil to prevent evaporation; the diluted extract was then manually pipetted into a PCR tube (Figures 6A and 6B) . cDNA synthesis fol- lowed by qPCR was then performed to detect the mRNA levels of three different genes: one encoding GFP, which is produced in the extracted cells, and two housekeeping genes, beta-actin (ACTB) and beta-2-microglobulin (B2M). In addition, spike-in controls (External RNA Controls Consortium [ERCC]) were implemented (Jiang et al., 2011) . The spike-in controls were detected in all samples, indicating a successful cDNA synthesis reaction for each sample ( Figure 6C ). Cytoplasmic extracts with volumes ranging between 0.6 and 7.0 pl were analyzed for the expression of the above-mentioned genes. 90% of the analyzed samples showed expression of at least one of the three genes assayed, and all three transcripts were detected in two-thirds of the cytoplasmic extracts. Two samples were negative for all three biological markers, indicating that the concentrations of the transcripts for each gene were below the detection limit of our assay (less than five copies; Supplemental Experimental Procedures). The variations of the transcript levels in all positive samples (log 10 range of 4.8 to 5.7) largely surpassed the differences in the analyzed volumes (approximately 12-fold). Although technical variability cannot be excluded, the relatively high variation observed here was not unexpected because the mRNA levels in the cytoplasm are determined by a complex interplay of transcription, processing, and degradation and because brief episodes of mRNA synthesis are followed by periods of transcriptional silence. In fact, it is well established that the transcript levels greatly vary from cell to cell, even for housekeeping genes (Bengtsson et al., 2005; Raj et al., 2006; Taniguchi et al., 2009) . Cytoplasmic extracts retrieved from HeLa cells not transfected with pmaxGFP were also analyzed for comparison ( Figure 6C ). In those extracts, transcripts from the two housekeeping genes were successfully detected, but not GFP gene expression.
The analysis of the nuclear extracts revealed that transcripts of the marker genes were not detected in the smallest volumes (0.2, 0.3, and 0.5 pl, respectively), while detection of transcripts from at least one gene was possible in all cases with volumes of 0.7 pl or more, which, therefore, defines our detection limit for nuclear extract. Collectively, the nuclear extracts were more challenging than those from the cytoplasm, due to their smaller volumes and the likely lower amount of total mRNAs in the nucleus relative to the cytoplasm.
Notably, we also examined the nucleus and cytoplasm from the same cell. Figure 6D shows an example of a differential analysis in which the mRNAs from all three genes were detected in both compartments. Approximately one order of magnitude higher amounts of each of the transcripts were detected in the cytoplasm compared to the nucleus. (GFP: 73; ACTB: 153; B2M: 83). Taken together, we were able to conduct a transcriptional analysis from the subcellular compartments, providing a unique foundation to investigate the spatial resolution of the transcript levels and potentially also transcript modifications.
DISCUSSION
The growing interest in studying biological processes at the single-cell level has fostered abundant methodological and technological developments to address the challenges associated with drastically reduced quantities of analytes. However, the technologies that enable molecular analyses of spread live cells are still sparse. The existing approaches focus on only one component, do not preserve the physiological and spatial context, and usually sacrifice the cell to access the intracellular molecules. Here, we present a generic and versatile platform to address individual living cells in a physiological context and gain direct access to a cell's endogenous molecules. The developed extraction method allowed us to quantify and control the volumes collected by simultaneous real-time monitoring using optical microscopy. Furthermore, the intracellular fluid was selectively harvested from either the cytoplasm or the nucleus, enabling differential analyses on both cell compartments. Experiments with fluorescently labeled cellular components, as well as high-resolution imaging, showed the retrieval of soluble proteins and smaller molecules, while further biochemical and transcriptional assays demonstrated the integrity of the recovered cellular components. Analyses on subcellular concentrations are still challenging for most current analytical technologies, and, as such, the possibility to harvest the nearly entire cell compartment may facilitate downstream analysis. While transcripts are inherently highly variable due to rapid turnover, proteins present another level of examining the state of the cell. As we show, enzymes can be measured after extraction from single cells and used to show the activation of a regulatory pathway, shown exemplarily with apoptosis. Here, we have used picoliter volume reactors; however, it is easily conceivable to even tune down to ever smaller reactors when combining readouts with methods for detection at the single-molecule level (Liebherr et al., 2015; Rissin et al., 2010; Rondelez et al., 2005) .
Our study also assessed the boundaries at which cell volumes can be extracted to preserve cell viability. Using the rather gentle and controlled force offered by FluidFM, we have found that cells have the remarkable ability to survive and undergo cell division, even after the extraction of a large fraction of the cytoplasm. As anticipated, extraction from the nucleus is more critical for the cell; however, withdrawal for molecular analyses is also possible from this compartment.
The determination of the lower and upper limits for extraction and subsequent analyses should allow the study of the dynamics of processes in single cells. Sampling small volumes may also enable studies on the endogenous molecules localized at specific cell locations, e.g., specific mRNAs localized in a neuron's dendrites (Pfeiffer-Guglielmi et al., 2014) . Moreover, the FluidFM-based extraction technology presented here offers perspectives for third-generation sequencing technologies that allow single-molecule sequencing from undiluted samples, the determination of epigenetic changes, and novel synthetic biology studies, e.g., to build and analyze artificial cells.
EXPERIMENTAL PROCEDURES Cells
HeLa cells were maintained in DMEM with 10% fetal bovine serum (FBS) and 1% penicillin-streptomycin at 37 C in a 5% CO 2 humidified incubator. For all extraction experiments, the cells were seeded on 50-mm tissue culturetreated low m-dishes (Vitaris), and growth medium was replaced with CO 2 -independent growth medium supplemented with 2 mM L-glutamine, 10% FBS, and 1% penicillin-streptomycin. For information on cell transfection and staining, see the Supplemental Experimental Procedures.
FluidFM Setup
A FluidFM system composed of a FlexAFM-NIR scan head, a C3000 controller, a digital pressure controller, microfluidic probes (Cytosurge), and EasyScan2 software (Nanosurf) was used. The scan head was mounted on an inverted microscope equipped with a temperature-controlled incubation chamber. A syringe pressure kit with a three-way valve (Cytosurge) was used in addition to the digital pressure controller to apply under-and overpressure differences larger than À800 and 1,000 mbar. FluidFM probes were prepared as described in the Supplemental Experimental Procedures.
Microscopy
Phase-contrast and fluorescence imaging were performed using a Zeiss Axio Observer Z1 microscope equipped with 103 and 403 (0.6 na) objectives and Colibri 365, 470, and 556 LED modules. Microscopy images were captured with a Zeiss AxioCam MRm R3 camera and analyzed using the AxioVision and ImageJ software. For the time-lapse microscopy of cells post-extraction, images were acquired every 30 or 60 min in fluorescence and phase-contrast modes for up to 5 days. Viable (n = 4 for cytoplasm and n = 1 for nucleoplasm extraction) and non-viable (n = 11) cells were monitored. For details on the determination of the HeLa cell volume, see the Supplemental Experimental Procedures.
Extraction Experiments
The cell to be extracted was visualized by light microscopy, and the FluidFM probe was placed above the desired point of insertion, i.e., on top of the nucleus or the cytoplasm. The probe was then inserted into the cell compartment through a forward force spectroscopy routine driven by the Z-piezo. The probe was then maintained inside the cell at constant force (550 nN). Underpressure larger than À800 mbar was applied to aspirate the cellular content. The pressure-assisted flow of the intracellular content into the FluidFM probe was interrupted by switching the pressure back to zero. The probe was then retracted through backward force spectroscopy. For details on the experimental procedures, see the Supplemental Experimental Procedures.
Determination of the Extracted Volumes and Volumetric Flow Rate
The extracted volumes were obtained by measuring the area occupied by the extract confined in the cantilever on micrographs, multiplying by the channel height of 1 mm, and adding the volume of the hollow pyramidal tip (90 fl) (see Figure S2 for the details on the tip volume). To determine the volumetric flow rate, the extracted volumes measured at different time points during the extraction were plotted against time and a linear regression fit (R 2 R 0.99) was used to determine the volumetric flow rate. n = 12 for the extraction from the cytoplasm, and n = 9 for the extraction from the nucleus.
Examination by Negative-Stain Electron Microscopy
The extract-containing probe was positioned onto a chosen location of a FCF-200-Cu specimen grid (Electron Microscopy Sciences) by a force-controlled approach with a set point of 20 nN. Overpressure (>1000 mbar) was then applied to flow the extract out of the probe. The specimen grid was then kept on ice until it was stained. For negative staining, a 4-ml drop of 1% phosphotungstic acid (PTA) was applied to the grid for 20 s and carefully blotted away by applying a piece of Whatman filter paper on the edge of the grid. The grid was then viewed with an FEI Morgagni 268 electron microscope operated at 100 kV (at SCOPEM, ETHZ). See the Supplemental Experimental Procedures for the preparation of the water and cell lysates controls.
Enzyme Assays
Beta-galactosidase activity and caspase activity were determined in picoliterwell arrays, the fabrication of which is described in the Supplemental Experimental Procedures. Following single-cell extraction, the cytoplasmic samples were dispensed in wells prefilled with the fluorogenic substrate, and the wells were monitored over time by fluorescence microscopy. For details on fluorogenic substrates and procedures, see the Supplemental Experimental Procedures.
mRNA Amplification and Detection A 1.5-ml drop of RNase-free water, supplemented with 2 U ml À1 RNase inhibitors (Life Technologies), was deposited onto an AG480F AmpliGrid (LTF Labortechnik). The cantilever was introduced into the drop using the micrometer screws to displace either the AFM or the sample stage. Once the cantilever was located inside the drop, overpressure (> 1,000 mbar) was applied to release the extract. The cantilever was then withdrawn from the drop using the micrometer screws. A 4-ml sealing solution (Beckman Coulter) was deposited on top of the 1.5-ml drop before the entire 5.5-ml solution was pipetted into a PCR tube. The solution was then briefly centrifuged and stored at À80 C until further use. For cDNA synthesis and qPCR protocols and their validation, see Figure S6 , Tables S1 and S2, and Supplemental Experimental Procedures.
Statistical Analysis
Significant differences between groups were determined by comparing means using an unpaired one-tailed, two-sample t test. All statistical analyses were performed with the Origin Software. 
